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Abstract
Auxin (indole-3-acetic acid) was the first phytohormone to be discovered, and today is
still regarded as one of the most widely understood plant hormones. Auxin has the ability
to stimulate, promote, delay, or inhibit many of a plant’s physiological processes. The
concentration of the hormone within in a plant is critical; low concentrations of IAA
positively impact plants’ physiological processes, but high concentrations of IAA are
inhibitory and toxic to plants. For this reason, auxin metabolism must be tightly
regulated. Plants can regulate their endogenous concentration of auxin via conjugation to
sugars, amino acids, or peptides. Indole-3-acetic acid is active when it is in its free state,
and presumably inactive when it is in its conjugated form. Indole-3-acetic acid can exist
in its inactive, conjugated form within a plant until it is needed, where it can then undergo
hydrolysis from its conjugate via a hydrolase gene and become available for use within
the plant. In an effort to better understand the IAA conjugation auxin metabolism strategy
of plants, hydrolase genes have been identified, isolated, and studied in a variety of
species. Hydrolases are enzymes that cleave the bond between IAA and its amide or ester
conjugate, thereby releasing free active auxin that is available for use within the plant.
Given the conservation of auxin regulation metabolism, we have become interested in
investigating the conservation of hydrolase genes. Hydrolase genes have been identified
in numerous tracheophyte species, but we are interested in tracing these genes as far back
as possible in evolutionary time. We have isolated, characterized the enzymatic activity,
and investigated the evolutionary implications of several newly identified bryophyte
hydrolases from the moss species Physcomitrella patens and the liverwort species
Marchantia polymorpha.
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Introduction
Phytohormones are the chemicals found in plants that are responsible for the
regulation of many of the plants’ physiological processes. Auxin was the first
phytohormone to be discovered, and today is still regarded as one of the most widely
understood plant hormones. Auxin’s discovery was due in part to the work of Charles
Darwin (1880). His experimentation involved exposing the tips of radicles to different
conditions, such as physical damage, pressure, air moisture, light, and gravity (Darwin
1880). Exposure to each of these conditions yielded movement from the radicle; whether
the movement was towards the condition or away from it, it was always at the advantage
of the plant. This experimentation showed that plants do have sensory perception—roots
act as a “brain” for the plant (Darwin 1880).
Sensory perception was studied in plants by tracking the phytohormone’s
movement, and isolating the hormone for further study (Fitting 1907; Boysen-Jensen
1913; Paal 1918; Soding 1925; Went 1926, 1928). The first “Avena curvature test”
involved cutting the coleoptile tips off of plants, and then placing them onto agar blocks.
After some time, the agar blocks were placed onto Avena sativa stems where the
coleoptile had been cut off. The placement of the agar block onto the A. sativa stem
caused the stem to resume growth (Went 1926). The curvature that occurred in the stems
was proportional to the amount of the hormone that diffused through the agar block
(Went 1928).
Indole-3-acetic acid (IAA) was discovered in fermentation media before it was
discovered in plant tissues and associated with auxin (Salkowski 1885). The first
compounds which were isolated and named “auxin” came from human urine (Kögl and
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Haagen-Smit 1931; Kögl et al. 1934b). Shortly after, the same auxin compound was
isolated from the fungus Rhizopus suinus (Thimann 1935). Auxin is represented by
several different chemical structures, but the most prominent is indole-3-acetic acid (Kögl
et al. 1934a; Thimann and Koepfli 1935). The structure of indole-3-acetic acid
(C10H9NO2) is represented by an indole ring with an attached carboxymethyl group (Fig.
1a) (Koepfli et al. 1938). The first plant from which auxin (IAA) was isolated and
identified was maize, Zea mays (Haagen-Smit et al. 1946).
Auxin can be found in all plants, although the concentration within each plant
differs. Auxin has the ability to stimulate, promote, delay, or inhibit many of a plant’s
physiological processes (Davies 1995; Mauseth 1991; Raven 1992; Salisbury and Ross
1992). Specifically, auxin has been found to stimulate cell elongation, cell division, cell
differentiation between the xylem and phloem, root initiation, the growth of flowering
organs, gravitropism, phototropism, and the production of the phytohormone ethylene.
Auxin can also promote abscission, flowering, and fruit growth in certain species. In
contrast, auxin can delay processes such as leaf senescence and fruit ripening, and inhibit
processes such as abscission, and the growth of lateral buds (Davies 1995; Mauseth 1991;
Raven 1992; Salisbury and Ross 1992).
The evolution of modern terrestrial plants can all be traced back to a common
algal ancestor 500 million years ago (Lewis and McCourt 2004; Leliaert et al. 2012;
Timme et al. 2012). The charophycean green algae presumably gave way to the earliest
land plants (bryophytes), followed by modern land plants (tracheophytes) (Graham 1993;
Gray 1993; Strother et al. 1996). Bryophytes are spore-forming, non-vascular land plants
that include liverworts, hornworts, and mosses. Tracheophytes are spore-producing, or
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seed-containing vascular plants. Spore-producing vascular plants, such as ferns, evolved
first. Seed-containing vascular plants, including all gymnosperms and angiosperms,
eventually followed. The evolution of modern terrestrial seed-containing plants from
bryophytes occurred over 450 million years ago (Theissen et al. 2001).
The evolution of these first land plants occurred during the Ordovician Period,
around 485-443 million years ago (Graham 1993; Gray 1993; Strother et al. 1996). The
establishment of land plants changed the Earth’s atmosphere, as well as the genome of all
plants to come (Parnell and Foster 2012; Scott and Glasspool 2006; Rensing et al. 2008;
Hori et al. 2014). While colonizing land, the first terrestrial plants enlarged their body
size, adapted to drought, high intensity light, and UV radiation (Rensing et al. 2008; Hori
et al. 2014; Campanella et al. 2014a). Klebsormidium flaccidum is a charophytic,
terrestrial algae that contains several genes and hormones specific to land plants,
including auxin. Genome analysis of K. flaccidum shows that it was likely an early
transition from charophytes to bryophytes (Hori et al. 2014). The presence of auxin
receptor, sensing, and transport genes in K. flaccidum suggests that auxin metabolism in
plants is an ancient, conserved process (Hori et al. 2014; Cooke et al. 2002).
Auxin metabolism is regulated by four main processes: biosynthesis, transport,
conjugation, and degradation (Normanly et al. 1995; Normanly and Bartel 1999; Ljung et
al. 2002). The concentration of IAA in a plant is critical; low concentrations of IAA
positively impact plants’ physiological processes, but high concentrations of IAA are
inhibitory and toxic to plants (Bandurski et al. 1995). For this reason, auxin metabolism
must be tightly regulated. Auxin biosynthesis allows a plant to increase its endogenous
auxin concentration. Auxin biosynthesis can occur via tryptophan (Trp)-dependent
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pathways or Trp-independent pathways (Nonhebel et al. 1993). The Trp-dependent
pathways include the IAOx pathway, IAM pathway, and IPyA pathway—all named after
IAA intermediates (Korasick et al. 2013). Although many of the specific enzymes and
intermediates within the pathways are still unclear, the Trp-dependent pathways generally
begin with tryptophan as the origin of the indole ring, which is then converted into an
intermediate such as indole-3-acetaldoxime (IAOx), indoleacetamide (IAM), or indole-3pyruvic acid (IPyA), and is lastly converted into IAA (Sztein et al. 2000; Zhao et al.
2002; Sugawara et al. 2009; Pollmann et al. 2003; Stepanova et al. 2008, 2011; Tao et al.
2008; Mashiguchi et al. 2011; Won et al. 2011). The Trp-independent pathways are less
understood, but generally begin with an indole ring that is eventually converted into IAA
(Sztein et al. 2000; Ouyang et al. 2000).
After the biosynthesis of auxin occurs, the concentration of the hormone within
the plant must be tightly regulated. If too much auxin is present, degradation will occur.
Indole-3-acetic acid catabolism is an oxidative process. Indole-3-acetic acid can be
degraded by a decarboxylative pathway in which the acetic acid side chain is oxidized, or
by a non-decarboxylative pathway in which the indole ring is oxidized (Normanly et al.
1995; Slovin et al. 1999). There are, however, two ways that a plant can regulate its
endogenous concentration of auxin, without degrading the hormone. First, auxin can be
transported away from the site of biosynthesis via PIN-FORMED (PIN) proteins (Friml
et al. 2003; Ludwig-Müller 2009). PIN-FORMED proteins are responsible for
transporting auxin from cell to cell. This polar transport creates an apical-basal auxin
gradient within the plant, thereby maintaining auxin homeostasis (Friml et al. 2003). A
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plant can also regulate its endogenous concentration of auxin via conjugation to sugars,
amino acids, or peptides (Zenk et al. 1961; Feung et al. 1976, 1977).
Indole-3-acetic acid is active when it is in its free state, and presumably inactive
when it is in its conjugated form. Amide-bound conjugates form when indole-3-acetic
acid binds with amino acids, small peptides, or small proteins. Ester-bound conjugates
form when indole-3-acetic acid binds with small sugars, polysaccharides, inositol, or
glycoproteins (Sztein et al. 2000). The conjugated form of IAA is a “short-term
intermediate” in the regulation of IAA metabolism (Cohen and Bandurski 1982;
Kleczowski and Schell 1995). Indole-3-acetic acid can exist in its inactive, conjugated
form within a plant until it is needed, where it can then undergo hydrolysis from its
conjugate via a hydrolase gene and become available for use within the plant.
Different conjugates have been identified to have different functions within
plants. Further, different plants have different preferred conjugate forms. Ester-bound
conjugates, for example, are present in many tracheophytes and bryophytes, but they are
the predominant conjugate form in Zea mays (Sztein et al. 1999; Bandurski et al. 1995).
Conjugates such as IAA-glucose and IAA-myo-inositol have been identified in Z. mays,
and both serve as auxin storage forms (Cohen and Bandurski 1982; Nicholls 1967;
Chisnell 1984). Similarly, amide-bound conjugates have been identified in many
tracheophytes, bryophytes, and charophytes (Sztein et al. 1999, 2000). Amide-bound
conjugates are the preferred form for tracheophytes and bryophytes (Sztein et al. 1999,
2000). Conjugates such as IAA-Alanine, IAA-Aspartate, IAA-Glutamate, IAA-Glycine,
IAA-Glutamine, IAA-Leucine, IAA-Phenylalanine, IAA-Tryptophan, and IAA-Valine
have been identified and studied for their function (Korasick et al. 2013).
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The conjugates IAA-Alanine and IAA-Leucine serve as auxin storage forms in
several different plant species (Korasick et al. 2013). Within the dicot, Arabidopsis
thaliana, IAA-Alanine and IAA-Leucine both readily undergo hydrolysis, and provide
active IAA for use within the plant (Bartel and Fink 1995; Rampey et al. 2004). IAAAlanine and IAA-Leucine are also responsible for inhibiting root elongation in A.
thaliana (LeClere et al. 2002). On the other hand, IAA-Aspartate and IAA-Glutamate do
not readily undergo hydrolysis in A. thaliana, therefore, they do not provide the plant with
active IAA, and likely serve as intermediates in the inactivation process of auxin (Östin et
al. 1998; LeClere et al. 2002; Rampey et al. 2004; Korasick et al. 2013). In Medicago
truncatula, IAA-Aspartate does readily undergo hydrolysis and provide active IAA for
use within the plant—providing evidence that amide conjugates can have different
functions within different species (Campanella et al. 2008). The conjugate IAAtryptophan inhibits plant growth within A. thaliana, and is categorized as an “antagonist”
(Staswick 2009). The specific roles for IAA-Glycine, IAA-Glutamine, IAAPhenylalanine, and IAA-Valine are still unclear (Korasick et al. 2013).
Indole-3-butyric acid (IBA) and indole-3-propionic acid (IPA) are two other
endogenous auxins that also exist within plants (Blommaert 1954; Linser et al. 1954;
Bayer 1969) (Fig. 1b, c). Similar to IAA, IBA and IPA can exist in a free state, or in a
conjugated form (Andreae and Good 1957; Tabone and Tabone 1953; Tabone 1958).
Indole-3-butyric acid can form both amide and ester-bound conjugates, including IBAAlanine, IBA-Glycine, IBA-Glutamate, and IBA-glucose (Woodward and Bartel 2005;
Bajguz and Piotrowska 2009; Ludwig-Müller 2011). Indole-3-propionic acid, on the
other hand, is less understood. The only IPA conjugate that has been extensively studied
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in plants is IPA-Alanine, yet it remains unknown if this is a naturally occurring substrate
(Campanella et al. 2004; Savić et al. 2009). The specific purpose of IBA and IPA
conjugates within plants is still unclear, however, there have been instances in which
these conjugates were preferentially employed by plants over IAA conjugates (Korasick
et al. 2013). In the wheat species, Triticum aestivum, IBA and IPA conjugates are
physiologically preferred over IAA conjugates (Campanella et al. 2004). Likewise, in
Brassica rapa, IPA conjugates are preferred over IAA conjugates (Savić et al. 2009).
The concentration of free IAA versus conjugated IAA can differ significantly in
different plant species. In tracheophytes, up to 90% of the plants’ total IAA composition
is stored as conjugates (Sztein et al. 1999, 2000). Mosses also have approximately 90%
of the plants’ total IAA composition stored as conjugates (Sztein et al. 1999). In
liverworts and green algae, however, IAA conjugates only reach up to about 70% of the
plant’s total IAA composition (Sztein et al. 1999, 2000). This is evidence that different
plant species have adopted different metabolic pathways to maintain auxin homeostasis.
Endogenous auxin has been discovered in every major plant group, including
tracheophytes, bryophytes, and algae (Stirk et al. 2013). Endogenous auxin has also been
found in species as old as eubacteria and archaebacteria (Maruyama et al. 1989; Lee et al.
2004; White 1987). The auxin metabolism of many of these species has been
characterized. Bacteria typically produce IAA through the Trp-dependent biosynthetic
pathways; intermediates include indole-3-pyruvate (IPyA), indole-3-acetamide (IAM),
and tryptamine (TAM) (Spaepen and Vanderleyden 2011). The IAM pathway has been
identified in the bacteria Pseudomonas savastanoi, and species from the bacterial genera
Agrobacterium, Erwinia, and Azospirillum (Lambrecht et al. 2000). Likewise, the IPyA
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pathway has been identified in Pantoea agglomerans and Enterobacter cloacae, as well
as species from the genera Azospirillum, Bacillus, Bradyrhizobium, Paenibacillus,
Pseudomonas, and Rhizobium (Spaepen and Vanderleyden 2011). The IPyA pathway
utilizes TAA and YUC proteins to synthesize IAA, and it has been speculated that these
proteins may have arisen in land plants from horizontal gene transfer events from bacteria
(Yue et al. 2014).
Bacteria have the ability to regulate auxin metabolism via IAA conjugation and
hydrolysis. Conjugation has been identified in P. savastanoi, in which IAA binds with the
amino acid lysine (Romano et al. 1991; Spena et al. 1991). Likewise, hydrolysis from the
IAA-Aspartate conjugate has been identified in Enterobacter agglomerans (Chou et al.
1998). It still remains unclear exactly why bacteria have the ability to regulate auxin in a
similar fashion as plants, but one theory hypothesizes that it may be because soil bacteria
have evolved in close proximity to plants, leading to symbiotic evolution and a
mutualistic relationship (Ludwig-Müller 2011). Ludwig-Müller (2011) speculates that
pathogenic bacteria living inside of plants aid in IAA conjugation. The bacteria will form
IAA conjugates that the plant cannot hydrolyze into free active IAA, thereby causing the
plant to maintain its auxin levels through “detoxification” (Ludwig-Müller 2011). The
bacteria spare the plant from accumulating an overabundance of auxin, and therefore the
healthy plant is able to provide nutrients for the bacteria. On the other hand, free-living
rhizosphere bacteria aid the plants in IAA-conjugate hydrolysis (Ludwig-Müller 2011).
The free-living bacteria will hydrolyze IAA conjugates thereby giving the plant free
active IAA. This will stimulate root growth for the plant, and allow the bacteria to obtain
more nutrients from the soil (Ludwig-Müller 2011). The plant is able to maintain its
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endogenous auxin levels, and the bacteria are able to live off of the plant and soil around
it. Although little is known about the auxin metabolism of bacteria, it is clear that a
relationship does exist between the auxin metabolism of bacteria and land plants.
Microalgae are microscopic, unicellular algae. The auxin metabolism has been
investigated in microalgal strains from the classes Chlorophyceae, Trebouxiophyceae,
Ulvophyceae, and Charophyceae—all classes of green algal species (Stirk et al. 2013).
Stirk et al. (2013) examined 24 different microalgal species. All of the species contained
auxin in the form of IAA and IAM (Stirk et al. 2013). It is likely that microalgae
synthesize IAA via the Trp-dependent IAM biosynthetic pathway (Jirásková et al. 2009;
Stirk et al. 2013). Microalgae do not regulate their endogenous auxin levels via
conjugation, given that the only IAA “conjugate” identified was IAM (Stirk et al. 2013).
Rather, the purpose of the high auxin levels is likely due to regulation of cell growth and
division (Stirk et al. 2013). Other multicellular algae that have been studied for their
auxin metabolism come from the Nitella genus of charophytes (Sztein et al. 2000). The
endogenous auxin composition of Nitella is almost evenly divided among free IAA
(28%), IAA-ester conjugates (34%), and IAA-amide conjugates (38%) (Sztein et al.
2000). It has been speculated that algae may have an easier time regulating their free IAA
levels than land plants do, because they are surrounded by water and can easily secrete
unwanted compounds into the water around them for dissolution (Ludwig-Müller 2011).
Further, given the slow rate of conjugation synthesis, it is likely that charophytes do not
use conjugation to regulate their endogenous auxin levels (Sztein et al. 2000). Instead,
charophytes likely regulate their endogenous auxin levels via IAA biosynthesis and
degradation (Sztein et al. 2000).
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Bryophytes that have been studied for their auxin metabolism include liverworts,
hornworts, and mosses (Sztein et al. 1999, 2000). Liverwort species such as Marchantia
polymorpha, Pallavicinia lyellii, Reboulia hemisphaerica, Sphaerocarpos texanus, and
the genus Plagiochila, have been studied and characterized (Sztein et al. 1999, 2000).
The majority of the liverworts’ IAA composition is in the form of IAA-amide conjugates
(52%), but IAA-ester conjugates (20%) and free IAA (28%) were also identified (Sztein
et al. 1999). The auxin metabolism of liverworts is similar to that of charophytes;
conjugation occurs at a slow rate, therefore, liverworts likely regulate their endogenous
auxin levels via IAA biosynthesis and degradation (Sztein et al. 1999). The hornwort
Phaeoceros laevis has also been studied for its auxin metabolism (Sztein et al. 2000). The
majority of P. laevis’ IAA composition is in the form of IAA-amide conjugates (82%),
but IAA-ester conjugates (7%) and free IAA (11%) were also identified within its auxin
composition (Sztein et al. 2000). Upon exposure to exogenous IAA, the hornwort was
able to rapidly conjugate over 50% of the IAA, suggesting that hornworts regulate their
endogenous auxin levels via IAA conjugation (Sztein et al. 2000). Moss species such as
Funaria hygrometrica, Polytrichum ohioense, Sphagnum angustifolium, and
Orthotrichum lyellii have also been studied for their auxin composition and metabolism
(Sztein et al. 1999). Similar to hornwort, IAA-amide conjugates dominate the total IAA
composition (85%), and only a minor amount of IAA-ester conjugates (5%) and free IAA
(10%) exists (Sztein et al. 1999). Exposure to exogenous IAA also rapidly produces
conjugates within the mosses, suggesting that their auxin metabolism is regulated via
IAA conjugation (Sztein et al. 1999, 2000).
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Two tracheophytes that have been studied to elucidate auxin metabolism include
the fern, Ceratopteris richardii, and the clubmoss, Selaginella kraussiana (Sztein et al.
1999, 2000). The IAA composition of both species showed a preference for IAA-amide
conjugates, and a relatively small amount of free IAA. The IAA composition of C.
richardii contained IAA-amide conjugates (77%), IAA-ester conjugates (1%), and free
IAA (22%) (Sztein et al. 1999). Likewise, the IAA composition of S. kraussiana
contained IAA-amide conjugates (75%), IAA-ester conjugates (16%), and free IAA (9%)
(Sztein et al. 1999). Both species were exposed to exogenous IAA, and conjugation
rapidly occurred (Sztein et al. 1999). This evidence suggests that tracheophytes regulate
their auxin metabolism via IAA conjugation (Sztein et al. 1999, 2000).
Auxin metabolism is generally classified into two main strategies—IAA
biosynthesis and degradation, or IAA conjugation (Sztein et al. 1999, 2000).
Evolutionarily, the charophytes evolved first, followed by the bryophytes, and finally the
tracheophytes. The charophytes have relatively high levels of free IAA and conjugation
occurs slowly, if at all. The charophytes, therefore, employ the IAA biosynthesis and
degradation strategy to regulate auxin metabolism (Sztein et al. 1999, 2000). The
biosynthesis/degradation strategy may be the “ancestral” form of auxin regulation (Sztein
et al. 2000). The charophytes gave way to the bryophytes—the first terrestrial plants—
with little change in auxin metabolism and regulation. Although liverworts contain IAA
conjugates, conjugation still occurs at a very slow rate. Sztein et al. (1999, 2000)
concluded that liverworts also employ the IAA biosynthesis and degradation strategy to
regulate auxin metabolism.
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The later hornworts, mosses, and tracheophytes are all similar in terms of auxin
metabolism. All three groups of plants contain high levels of IAA conjugates, low levels
of free IAA, and conjugation occurs at rapid rates. Hornworts, mosses, and tracheophytes
all employ the IAA conjugation strategy for auxin metabolism (Sztein et al. 1999, 2000).
Although the exact timeline for the evolution of auxin regulation is unclear, sometime
during the evolution of bryophytes, auxin regulation metabolism changed. Sztein et al.
(2000) suggests a theoretical cladogram that defines the evolution of auxin metabolism
(Fig. 2). Early auxin metabolism begins with the IAA biosynthesis/degradation strategy
in charophytes and liverworts, and evolves into the IAA conjugation strategy in
hornworts, mosses, and vascular plants, respectively (Sztein et al. 2000). This theoretical
cladogram leaves room for future development in terms of the evolution of auxin
metabolism, and the relationship between auxin metabolism strategy and the
development of different plant species.
In an effort to better understand the IAA conjugation auxin metabolism strategy
of plants, hydrolase genes have been identified, isolated, and studied in a variety of
species. Hydrolases are enzymes that cleave the bond between IAA and its amide or ester
conjugate, thereby releasing free active auxin that is available for use within the plant
(Bartel and Fink 1995). Auxin amidohydrolases—hydrolase enzymes that specifically
cleave auxin from an amino acid conjugate—were first identified using “mutant screens”
(Bartel and Fink 1995; Ludwig-Müller 2011). If a wild-type plant is exposed to
exogenous IAA conjugates, functional hydrolases will cleave the conjugates and expose
the plant to free active IAA. An overabundance of this free IAA will accumulate in the
plant, inhibiting its growth and possibly killing it. If a mutant plant is exposed to
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exogenous IAA conjugates, mutant hydrolases will not be able to cleave the conjugates.
No free IAA will accumulate within the plant, and “normal” growth will occur (Bartel
and Fink 1995; Davies et al. 1999; Rampey et al. 2004). These mutant screens can be
performed on living plants to identify mutant hydrolase genes based upon the presence or
absence of plant growth (Savić et al. 2009). Mutant hydrolases were named after the IAA
conjugate that could not be cleaved.
The first mutant screens were performed in Arabidopsis thaliana, and three
different classes of amidohydrolases were identified. The three major classes of
amidohydrolases are IAA-LEUCINE RESISTANT1 (ILR1) hydrolases, ILR1-LIKE1
(ILL1) hydrolases which are paralogs of ILR1 hydrolases, and IAA-ALANINE
RESISTANT3 (IAR3) hydrolases (Bartel and Fink 1995; LeClere et al. 2002; Davies et
al. 1999). In order for hydrolase homologs to be identified in other species, the complete
genome of a given species must be available. Although this is a limiting factor,
amidohydrolases have been identified in various tracheophyte species including
Arabidopsis thaliana (AtILR1, AtILL1, AtILL2, AtILL3, AtILL5, AtILL6, AtIAR3),
Arabidopsis suecica (AsILR1), Triticum aestivum (TaIAR3), Populus euphratica
(PeILL3), Populus × canescens (PcILL3), Medicago truncatula (MtIAR31, MtIAR32,
MtIAR33, MtIAR34, MtIAR36) Brassica rapa (BrIAR3, BrILL2), Picea sitchensis
(PsIAR31, PsIAR32, PsIAR33, PsIAR34, PsIAR35), and Pinus taeda (PtIAR31,
PtIAR32, PtIAR33, PtIAR34, PtIAR35) (Bartel and Fink 1995; Davies et al. 1999;
LeClere et al. 2002; Sanchez Carranza et al. 2016; Campanella et al. 2003b, 2004;
Junghans et al. 2006; Campanella et al. 2008; Savić et al. 2009; Campanella et al. 2011,
2014b).
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Given the conservation of auxin regulation metabolism, we have become
interested in investigating the conservation of hydrolase genes. Hydrolase genes have
been identified in numerous tracheophyte species, but we are interested in tracing these
genes as far back as possible in evolutionary time. Campanella et al. (2003b, 2004, 2008,
2011, 2014b) began this project over a decade ago with the identification of hydrolase
genes in other tracheophyte species. They identified hydrolase genes in Arabidopsis
suecica, Triticum aestivum, Medicago truncatula, Picea sitchensis, and Pinus taeda.
They also studied the conservation of hydrolases in dicots such as potato, tomato,
soybean, grape, and lotus, and monocots such as corn, rice, and barley (Campanella et al.
2003a). In an effort to further investigate the evolutionary conservation of these
hydrolase genes, they began to explore bryophyte species.
Ludwig-Müller et al. (2009) speculated that the moss species, Physcomitrella
patens, is a “dead end” in terms of auxin conjugate hydrolysis. An analysis of the P.
patens genome by Ludwig-Müller et al. (2009) did not yield any hydrolase homologs,
suggesting that conjugation cannot be reversed in these early plant species. Instead,
Ludwig-Müller et al. (2009) proposed that auxin conjugation may occur as an
intermediate in auxin inactivation, and hydrolase genes evolved in later species. It was
suggested that additional bryophyte genomes are needed to further validate this claim.
According to Ludwig-Müller et al. (2009), it was questionable whether only P. patens
lacks hydrolases and the ability to properly use conjugation as a means of auxin
metabolism or if this was true for all bryophyte species.
On the contrary, we performed our own analysis of the P. patens genome and
identified several IAR3 hydrolase homologs (Table 1) (Kurdach et al. 2017). Further
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experimentation was done to analyze theses hydrolases. We isolated and characterized
the hydrolases in terms of auxin conjugate activity and substrate recognition, and we
revealed that some are functional within P. patens. This prompted us to search back even
further to the most ancient extant land plant that evolved approximately 475 million years
ago—liverwort (Wellman et al. 2003). We performed a genome search analysis of
Marchantia polymorpha, because a new version of the DNA sequence became available
in 2016 (v3.1). Again, we were able to identify one ILR1 hydrolase homolog (Table 1).
Using this data, we isolated and characterized this liverwort hydrolase to determine
whether or not it is functional, and the extent of its activity on auxin conjugates and
substrate recognition. We performed these experiments to trace amidohydrolase genes
evolutionarily as far back as possible. We hypothesized that because we were able to
identify several homologous bryophyte hydrolase genes, we would be able to detect
similar functions to those previously isolated tracheophyte hydrolases.
Another major question that we have become interested in investigating involves
analyzing the evolutionary changes of auxin amidohydrolase genes. Presumably, these
hydrolase genes are highly conserved among many species (Campanella et al. 2003a).
Our goal was to uncover how these hydrolases may have changed over evolutionary time.
There are several factors that can be examined to study how hydrolases may have
changed over time. The first is to study the DNA and protein sequences of hydrolase
homologs. From this data, any molecular changes in the sequence and structure of
hydrolase homologs over evolutionary time can be identified. Further, the activity of the
hydrolases can also be analyzed. Specifically, enzymatic activity can be analyzed for any
changes, including changes in substrate specificity for certain conjugates. Potentially
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redundant families of paralogous hydrolase genes within species can also be analyzed.
For example, Arabidopsis thaliana has a redundant family of seven hydrolase genes
(AtILR1, AtILL1, AtILL2, AtILL3, AtILL5, AtILL6 and AtIAR3) (Bartel and Fink
1995; LeClere et al. 2002; Davies et al. 1999). An analysis of more ancient species,
particularly bryophytes, can be performed to determine if redundant families exist as
well, or if more ancient species have fewer hydrolase genes. This analysis allows us to
examine the correlation between the evolution and multiplicity of hydrolases among
different species. To investigate the evolutionary changes of hydrolase genes, we
compared the sequences, enzymatic activity, and number of hydrolases from different
plant species. We hypothesized that identifiable evolutionary changes would be
correlated with changes in hydrolase function. In other words, the newly identified moss
and liverwort hydrolases would carry evolutionary molecular changes if the function of
the hydrolases was different from previously identified tracheophyte hydrolase genes. On
the other hand, we hypothesized that if the function of the moss and liverwort hydrolase
genes was the same as previously identified tracheophyte hydrolase genes, the newly
characterized genes would not have any major molecular changes and evolutionary
change would not be easily identifiable.
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Materials and Methods
Initial identification of homologs
A previous analysis of the Physcomitrella patens genome identified four
hydrolase homologs—PpIAR31, PpIAR32, PpIAR33, and PpIAR34 (Skibitski 2016).
The analysis was performed through a BLAST search of the P. patens genome (v3.3)
using the AtIAR3 hydrolase homolog (www.phytozome.jgi.doe.gov).
A similar BLAST analysis of the Marchantia polymorpha genome (v3.1) was
performed (www.phytozome.jgi.doe.gov). The PsIAR3 homolog of Sitka spruce was
employed as a search probe in the BLAST analysis, and one M. polymorpha hydrolase
homolog was identified. An NCBI protein BLAST search with the newly identified
liverwort hydrolase showed that it was more similar to ILR hydrolases than IAR
hydrolases—hence it was named MpILR1. BLAST analyses were performed with default
search parameters.

Genomic DNA extraction from moss and PCR analysis
The moss genomic DNA extraction procedure employed approximately 30 mg of
dried P. patens tissue (donated by Jutta Ludwig- Müller, University of Dresden).
Extraction was performed with the QIAGEN DNeasy Plant Mini Kit (QIAGEN, Hilden,
Germany). Tissue was ground using a mortar and pestle with 800 µl of “AP1” buffer
(QIAGEN proprietary formula) and 3 µl of RNase. This mixture was transferred to a 2 ml
microfuge tube, incubated at 65°C for 10 min, and mixed by hand three times during the
incubation. Next, 130 µl of “AP2” (renamed by QIAGEN “P3” in 2012) buffer (3.0 M
potassium acetate, pH 5.5) was added, mixed, and incubated for 10 min on ice. Following
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incubation, the mixture was centrifuged for 2 min at 13,400 rpm. The flow-through was
measured and transferred into a new 1.5 ml microfuge tube. The amount of “AP3”
(renamed by QIAGEN “AW1” in 2012) buffer (0.5x; QIAGEN proprietary formula) and
100% ethanol (1x) needed were determined by the flow-through volume (1x). After
mixing well, we added 650 µl of the extract to the DNeasy column and centrifuged it for
1 min at 8,000 rpm. We discarded the flow-through and repeated the centrifugation with
any remaining extract. Next, we added 500 µl of “AW” (renamed by QIAGEN “AW2” in
2012) wash buffer (300 µl “AW” stock buffer [QIAGEN proprietary formula], 700 µl
EtOH) to the column, centrifuged it for 1 min at 8,000 rpm, and discarded the flowthrough. We repeated the wash with another 500 µl aliquot of “AW” buffer, centrifuged
the column for 2 min at 13,400 rpm, and discarded any flow-through. Another
centrifugation was done for 1 min at 13,400 rpm to remove any remaining ethanol. We
then placed the DNeasy column onto a new 1.5 ml microfuge tube and added 70 µl of
65°C sterile water to the column. We incubated the column for 5 min at room
temperature and centrifuged the tube one final time for 1 min at 8,000 rpm. The extracted
DNA was stored at -20°C.
This DNA extraction procedure was repeated to obtain a second sample of the
moss genomic DNA. The concentration of the two moss genomic DNA samples was 6.0
ng/µl and 4.9 ng/µl, respectively. These values were determined using a NanoDrop ND1000 Spectrophotometer (Thermo Fisher Scientific Inc., Waltham, Massachusetts).
Both samples of moss genomic DNA underwent PCR to detect each of the four
moss hydrolase homologs (PpIAR31-34). Four reaction tubes were set up for each of the
hydrolases. Tube 1 contained 5 µl of moss sample 1 DNA, 1 µl of each appropriate
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primer (Table 2), 12.5 µl of Mastermix (Denville Scientific Inc., Holliston,
Massachusetts), and 5.5 µl of sterile DI water—equaling a total volume of 25 µl. Tube 2
was a control for moss sample 1 and contained 5 µl of moss sample 1 DNA, 1 µl of
universal 18S primers (QuantumRNA Classic II 18S Internal Standard, Thermo Fisher
Scientific Inc., Waltham, Massachusetts), 12.5 µl of Mastermix, and 6.5 µl of sterile DI
water. Tube 3 had the same contents as tube 1, except 5 µl of moss sample 2 DNA was
used. Tube 4 had the same contents as tube 2, except 5 µl of moss sample 2 DNA was
used. All primers were constructed by Invitrogen (a division of Thermo Fisher Scientific
Inc., Waltham, Massachusetts) and were resuspended in 1 ml of sterile DI water before
being added to our reaction tubes. When preparing the PCR tubes, we added the DNA,
water, and primers to the reaction tubes first. Then we incubated the tubes in the
thermocycler for 1 min at 95°C (Eppendorf Mastercycler ep gradient S [Eppendorf,
Hauppauge, New York]). After this incubation, the Mastermix was added to the heated
PCR tubes, and the tubes were placed back into the thermocycler. The program for the
thermocycler was as follows: 95°C for 45 sec, 54-56°C for 45 sec, 72°C for 60 sec, repeat
for 40 cycles (Table 2).
Following the PCR reactions for each hydrolase, agarose gel electrophoresis was
performed to detect any PCR product produced. A 2% gel was prepared for PpIAR31,
PpIAR32, and PpIAR34. This was done by mixing 1 g of DNA Agar (Marine
BioProducts Inc., Delta, British Columbia, Canada) in 50 ml of 1x TAE, and 5 µl stock
EtBr (Thermo Fisher Scientific Inc., Waltham, Massachusetts). A 1.5% gel (0.75 g of
DNA Agar in 50 ml of 1x TAE, and 5 µl stock EtBr) was prepared for PpIAR33 and a
second experiment with PpIAR31. The gels were electrophoresed in 1x TAE for 30 min
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and then analyzed using an Ultra-Lum Electronic U.V. Transilluminator (Ultra-Lum Inc.,
Paramount, California).

Isolation and ligation of moss hydrolases into vectors
NeoScientific Labs (Cambridge, Massachusetts) constructed two pUC57 plasmids
containing the PpIAR32 and PpIAR34 sequence inserts (Fig. 3a-b). Each of these two
sequences was ligated into the plasmid at the BamHI site, but only the plasmid with the
PpIAR34 insert contained a T7 promoter. We were given 4 µg of each plasmid, and
diluted them to 100 ng/µl.
For re-cloning purposes into an expression vector, the PpIAR32 plasmid
underwent PCR of the hydrolase insert. The primers employed to amplify the PpIAR32
insert were: forward primer 5’-GTTCATGCAAGCATTGGTTT-3’ and reverse primer
5’-GATCCCTGACCCATTTTTCA-3’. The primers were obtained from Invitrogen (a
division of Thermo Fisher Scientific Inc., Waltham, Massachusetts). The PCR reaction
was set up with 2 µl of DNA, 1 µl of each primer, 12.5 µl of Mastermix (Denville
Scientific Inc., Holliston, Massachusetts), and 8.5 µl of sterile DI water—equaling a total
volume of 25 µl. A tube was set up with these contents and then placed into the
thermocycler. The program for the thermocycler was as follows: 95°C for 45 sec, 56°C
for 45 sec, 72°C for 60 sec, repeat for 35-40 cycles.
Following PCR, the PpIAR32 insert was “cleaned up” for ligation using materials
repurposed from the QIAprep Spin Miniprep Kit, and the QIAGEN DNeasy Plant Mini
Kit. The amount of QIAGEN “AP3” buffer and ethanol (1x) needed were determined by
the volume of the insert (1x). The mixture was transferred into the QIAprep column. We

Kurdach 21

then centrifuged the column for 60 sec at 8,000 rpm. After centrifugation, we discarded
the flow-through and added 500 µl of the “AW” wash buffer (300 µl “AW” stock buffer,
700 µl EtOH) to the column. The column was again centrifuged for 60 sec at 8,000 rpm,
and the flow-through was discarded. Another 500 µl aliquot of the “AW” wash buffer
was added to the column, and centrifugation followed for 2 min at 13,400 rpm. The flowthrough was discarded and centrifugation was repeated with the same conditions (2 min,
13,400 rpm). Next, the column was transferred to a 1.5 ml microfuge tube and 40 µl of
65°C sterile DI water was added to the column. This was incubated for 5 min at room
temperature, before a final centrifugation for 1 min at 8,000 rpm. The concentration of
the DNA was determined using a NanoDrop ND-1000 Spectrophotometer.
The purified DNA flow-through was used for blunt-end ligation. The PpIAR32
sequence insert was ligated in frame into a pETBlue-2 expression vector containing a
promoter region (Fig. 3a) (Novagen, a brand of MilliporeSigma, Burlington,
Massachusetts). We mixed 2 µl of the insert (206 ng), 3 µl of sterile water, and 5 µl of
“end conversion mix” (Novagen, a brand of MilliporeSigma, Burlington, Massachusetts;
Novagen proprietary formula) equaling a total volume of 10 µl. The purpose of the “end
conversion mix” is to cleave off the extra bases and create blunt ends upon incubation.
This mix was incubated at 26ºC for 15 min, 75ºC for 5 min, and on ice for 5 min.
Following this incubation, centrifugation was employed to ensure mixing. Next, 1 µl of
the blunted pETBlue-2 vector and 1 µl of DNA ligase were added. The complete mixture
was then incubated overnight at 26°C.
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Cloning and transformation of constructs
In order to transform the plasmids into bacterial cells, we performed heat shock
transformation (Sambrook et al. 1989) with the PpIAR32 and PpIAR34 inserts into
NovaBlue E. coli cells (Novagen, a brand of MilliporeSigma, Burlington,
Massachusetts). Frozen competent NovaBlue E. coli cells were melted on ice for 5 min.
We added between 1-5 µl of the pETBlue-2 plasmid containing the PpIAR32 insert and
the pUC57 plasmid containing the PpIAR34 insert and incubated this on ice for 5 min.
We continued the incubation at 42°C for 45 sec, and then back on ice for 2 min. We
sterilely added 250 µl of Super Optimal Broth with Catabolite repression (SOC media)
(Hanahan 1983) to the tube of cells and plasmid. This mixture was then incubated for 30
min at 37°C, before finally being spread onto LB plates that contained 50 µg/ml of
ampicillin as well as IPTG and X-gal for blue/white colony selection (imMedia Growth
Medium, Thermo Fisher Scientific Inc., Waltham, Massachusetts). Blue colonies
indicated that the insertion was not present in the vector, whereas white colonies
indicated that ligation took place (Sambrook et al. 1989). Three LB/amp plates were set
up as follows: two plates with 30 µl of cells and 30 µl of SOC media, and one plate with
240 µl of cells. All three plates were then incubated for 24 h at 37°C. Following this
incubation, sub-culturing was performed by selecting six white colonies from the
PpIAR32 transformation plates, and six white colonies from the PpIAR34 transformation
plates. Each colony was re-streaked onto a new LB/amp plate, as well as into a tube with
10 ml of liquid LB and 10 µl of stock ampicillin (50 mg/ml). The LB/amp plates were
incubated for 24 h at 37°C, and the tubes were incubated for 24 h on a shaker at 37°C and
250 rpm.
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Synbio Technologies (Monmouth Junction, New Jersey) synthesized a pUC57
plasmid for us that contained the MpILR1 sequence insert at the BamHI site along with a
T7 promoter for expression (Fig. 3c). For this reason, we were able to directly transform
this construct into NovaBlue E. coli cells using the same protocol described above. Two
additional liverwort expression constructs were made for us by Synbio Technologies—
∆MpILR1 and L244S-MpILR1 (Fig. 3c). Both of these liverwort sequences were also
inserted into pUC57 plasmids at the BamHI site and contained T7 promoter regions.
Again, we directly transformed these sequences into NovaBlue E. coli cells.

Plasmid DNA extraction
Plasmid DNA was extracted from PpIAR32, PpIAR34, MpILR1, ∆MpILR1 and
L244S-MpILR1 using the QIAprep Spin Miniprep Kit (QIAGEN, Hilden, Germany).
The miniprep was performed using the liquid cultures of cells after 24 h of incubation on
the shaker. We centrifuged 2 ml of cells for 1 min at 13,400 rpm, and disposed of the
supernatant. We then resuspended the pellet in 250 µl of QIAGEN “P1” buffer (50 mM
Tris•Cl [pH 8.0], 10 mM EDTA) and 1 µl of RNase. After inverting the tube several
times to mix the contents, we added 250 µl of “P2” buffer (200 mM NaOH, 1% SDS
[w/v]) and again inverted the tube several times. We repeated this same process by
adding 350 µl of “N3” buffer (QIAGEN proprietary formula) and inverted the tube
several times to mix together the contents. The mixture was then centrifuged for 10 min
at 13,400 rpm. Next, we decanted the supernatant into the QIAprep column. We
centrifuged the column for 1 min at 13,400 rpm, and discarded the flow-through. This
was followed by adding 750 µl of “PE” buffer (200 µl “PE” stock buffer [QIAGEN
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proprietary formula], 800 µl EtOH) to the column, and centrifuging it for 1 min at 13,400
rpm. The flow-through from the column was discarded, and another centrifugation was
done for 1 min at 13,400 rpm to remove any remaining buffer. At this point, we removed
the column and placed it into a sterile 1.5 ml microfuge tube. We added 50 µl of room
temperature sterile water to the column, incubated it at room temperature for 1 min,
centrifuged it at 13,400 rpm for 1 min, disposed of the column, and stored the DNA flowthrough at -20°C. We performed UV Spectrophotometry using a NanoDrop ND-1000
Spectrophotometer to check the DNA concentration of our plasmids.

Digests and sequencing
Endonuclease digests were performed with all samples to ensure correct
construction of our hydrolase inserts. Eight reaction tubes were set up for the ∆MpILR1
endonuclease digest. Each of the tubes contained 1.5-2 µl of purified plasmid DNA, 1414.5 µl of sterile DI water, 1 µl of BSA [10mg/ml] (New England BioLabs, Ipswich,
Massachusetts), 2 µl of “buffer 2” (NEBuffer 2 [NEB proprietary formula]; New England
BioLabs, Ipswich, Massachusetts), and 1 µl of the BamHI enzyme (New England
BioLabs, Ipswich, Massachusetts)—equaling a total volume of 20 µl. The tubes were
incubated for 2 h at 37°C in the thermocycler. Following removal from the thermocycler,
gel electrophoresis was performed. A 0.7% gel was prepared by mixing 0.35 g of DNA
Agar in 50 ml of 1xTAE and 5 µl of stock EtBr. The 1x TAE gels were electrophoresed
for 30 min and then analyzed using an Ultra-Lum Electronic U.V. Transilluminator. The
endonuclease digests for PpIAR32, PpIAR34, MpILR1, and L244S-MpILR1 were
prepared and run using similar protocols (Table 3).
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Sequencing was performed with all samples to ensure correct construction of our
hydrolase inserts. The protocols of Applied Biosystems (a division of Thermo Fisher
Scientific Inc., Waltham, Massachusetts) were followed, which utilize the BigDye
Terminator v3.1 Cycle Sequencing Kit (Thermo Fisher Scientific Inc., Waltham,
Massachusetts). The samples underwent sequencing using an Applied Biosystems 3130
Genetic Analyzer.

Expression induction and protein extraction
In order to extract the expressed proteins from the PpIAR32, PpIAR34, MpILR1,
∆MpILR1 and L244S-MpILR1 plasmids, we set up liquid cultures for each plasmid in 15
ml of liquid LB and 15 µl of stock ampicillin (50 mg/ml), to get a total concentration of
50 µg/ml of ampicillin. We then placed the culture on a shaker at 37°C and 250 rpm to
incubate overnight. The next morning another culture was started that contained 100 ml
of liquid LB, 100 µl of stock ampicillin, and 10 ml of the overnight liquid culture. This
culture was left to incubate on the shaker for 2 h at 250 rpm and 37°C. After 2 h, 500 µl
of 1M IPTG was added to the liquid culture, and was again left to incubate on the shaker
for 4 h at 250 rpm and 37°C. Upon removing the culture from the shaker, we transferred
the liquid culture into nylon centrifuge tubes, and centrifuged 5 min at 6,000 rpm at
10°C. The supernatant was disposed of, and the pellet was resuspended in 1 ml of
lysozyme buffer (30 mM Tris-HCl, pH 8.0, 1 mM EDTA, 20% sucrose, 1 mg/ml
lysozyme), 1 ml of glycerol, 5 µl of DNase, and 5 µl of RNase (Campanella et al. 2003b).
This mixture was sonicated on ice using a Microson Ultrasonic Cell Disruptor (Misonix
Inc., Farmingdale, New York) at full power for 1 min, followed by a 1 min cool down.
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This process was repeated three times, and 200 µl aliquots of the protein extract were
placed into 0.5 ml microfuge tubes and stored at -80°C.

Hydrolase assays
Hydrolase assays were prepared by using the frozen protein extract, assay buffer
(100 mM Tris, pH 8.0, 10 mM MgCl2, 100 µM MnCl2, 50 mM KCl, 100 µM PMSF, 1
mM DTT, 10% sucrose), and various auxin amino acid conjugates (Ludwig-Müller et al.
1996; Campanella et al. 2003b). The auxin amino acid conjugates used were IAAAlanine, IAA-Glycine, IAA-Aspartate, IAA-Leucine, IAA-Isoleucine, IAA-Valine, IAAPhenylalanine, IPA-Alanine, and IBA-Alanine. All amino acid conjugates were obtained
from Sigma-Aldrich (a brand of MilliporeSigma, Burlington, Massachusetts), with the
exception of IPA-Alanine which was made in our laboratory (Campanella et al. 2004).
The components of the assay were determined based on the concentration of the stock
auxin amino acid conjugate. The IAA-Alanine, IAA-Glycine, IAA-Aspartate, IAAIsoleucine, and IAA-Phenylalanine conjugates had a stock concentration of 10 mM.
Therefore, the assays were prepared with 200 µl of the protein extract, 290 µl of the assay
buffer, and 10 µl of the auxin amino acid conjugate. Likewise, the IAA-Leucine, IAAValine, and IPA-Alanine conjugates had a stock concentration of 5 mM. Therefore, the
assays were prepared with 200 µl of the protein extract, 280 µl of the assay buffer, and 20
µl of the auxin amino acid conjugate. Lastly, the IBA-Alanine conjugate had a stock
concentration of 6.66 mM.
The assay was prepared with 200 µl of the protein extract, 285 µl of the assay
buffer, and 15 µl of the auxin amino acid conjugate. After preparing these enzyme assays,
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they were incubated at 40°C for 1 h. After incubation, we added 100 µl of 1M HCl to halt
hydrolysis and 600 µl of ethyl acetate to the mixture and incubated this at room
temperature for 5 min. This was followed by a 1 min centrifugation at 13,400 rpm. We
then transferred the upper organic phase to a new microfuge tube and evaporated it using
the SpeedVac (Savant SpeedVac SC110, Savant Refrigerated Condensation Trap RT100,
Savant Two Stage VP190, Thermo Fisher Scientific Inc., Waltham, Massachusetts) on a
medium setting for 20 min. The evaporated pellet was then resuspended with 200 µl of
the appropriate running buffer. The IAA-Alanine, IAA-Glycine, IAA-Aspartate, IPAAlanine, and IBA-Alanine conjugates were resuspended in 50% methanol; the IAALeucine, IAA-Isoleucine, IAA-Valine, and IAA-Phenylalanine conjugates were
resuspended in 50% methanol/1% acetic acid. The pellet was resuspended to ensure
complete mixture with the running buffer. This was then incubated an additional 5 min at
40°C in order to dissolve the pellet. We then centrifuged the mixture for 1 min at 13,400
rpm. Simultaneously, we prepared the high pressure liquid chromatography (Waters 510
HPLC Pump [Waters Corporation, Milford, Massachusetts]; LDC Analytical
spectroMonitor 3200 variable wavelength detector [Laboratory Data Control, a division
of Milton Roy Co., Riviera Beach, Florida]; Phenomenex C18 column [Phenomenex Inc.,
Torrance, California]) system for injection of these samples. The HPLC system was
washed with 100% methanol at a rate of 2 ml/min for 10 min, and then at a rate of 1
ml/min for 10 min. This was followed by washing the machine with the appropriate
running buffer (50% methanol or 50% methanol with 1% acetic acid) at a rate of 2
ml/min for 10 min.
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After the system was equilibrated, we reduced the rate of the running buffer to 1
ml/min, and injected our sample into the HPLC system. This hydrolysis assay was
repeated about 3-6 times for each auxin amino acid conjugate, with each of the protein
extracts—PpIAR32, PpIAR34, MpILR1, ∆MpILR1 and L244S-MpILR1. The HPLC data
was collected and analyzed using the WinDaq Data Acquisition Software (DATAQ,
Akron, Ohio). The only noteworthy change was the replacement of our column with a
Thermo Scientific C18 column (Thermo Fisher Scientific Inc., Waltham, Massachusetts)
during our analysis of the L244S-MpILR1 liverwort construct. It was necessary for us to
replace the column due to the inability of the HPLC system to complete the equilibration
washing.
All background controls were performed using untransformed NovaBlue E. coli
cells. Liquid cultures were set up with these cells similarly to the protein extraction
protocol as described previously. These cultures, however, were not induced. These cells
then underwent the same hydrolase assay protocol as described above.

Codon usage analysis
Principal coordinate analysis based on codon usage was performed using the
PpIAR3 hydrolase family within archaea, eubacteria, bryophytes, gymnosperms,
monocots, and dicots. CUSP (a program within the European Molecular Biology Open
Source Software [EMBOSS] suite) was used to obtain the relative abundance values (J.
V. Smalley, unpublished method, 2016). These values were then input into vegan
(Oksanen et al. 2016) to obtain a dissimilarity matrix (Bray and Curtis 1957). The data
from the dissimilarity matrix was used to perform the principal coordinate analysis via
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classical multidimensional scaling (R Core Team, 2014; Gower 2015). The twodimensional plots were created using ggplot2 (Wickham 2009), and the threedimensional plots were created using CAR (Companion to Applied Regression) (Fox and
Weisburg 2011). All programs were used with default settings.

Phylogenetic tree construction
Alignments of all hydrolase homologs were created with the CLUSTAL X
software, using its default configurations (Thompson et al. 1997). The data obtained from
the CLUSTAL X analysis was used to create phylogenetic trees via the neighbor-joining
method set to perform 1000 bootstraps (Saitou and Nei 1987; Felsenstein 1985), and then
visualized using TreeView (Page 1996).
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Results
Moss Results
Initial identification and phylogenetics
A BLAST search of the P. patens genome using the AtIAR3 homolog as a search
probe yielded four hydrolase homologs—PpIAR31, PpIAR32, PpIAR33, and PpIAR34
(Table 1) (Skibitski 2016). We generated an amino acid similarity matrix to determine the
structural resemblance of our moss hydrolases with other hydrolase homologs (Table 4).
Only PpIAR32, -33, and -34 were included within the amino acid similarity matrix;
PpIAR31 was purposefully omitted because it was determined later that the hydrolase is
not a part of the P. patens genome. Overall, the moss hydrolases show only a moderate
degree of amino acid similarity to hydrolases from other species. Based upon averages,
the moss hydrolases are 50.5% similar to a previously identified cyanobacteria hydrolase,
43.4% similar to an algal hydrolase, 41.3% similar to a liverwort hydrolase (MpILR1),
45.5% similar to fern hydrolases, 41.0% similar to gymnosperm hydrolases, and 44.2%
similar to angiosperm hydrolases.
A phylogenetic tree was constructed by Skibitski (2016), that focuses on the
relationships between the moss hydrolases and other previously identified hydrolases
originating from gymnosperm and angiosperm species (Fig. 4a). Based on 1000 bootstrap
replicates, there is a high probability of accuracy for this phylogenetic tree. The tree
shows clear divergences between moss, gymnosperms, and angiosperms—all of which
have a >90% probability of accuracy. The inclusion of the bacterial species
Campylobacter jejuni was used as an outgroup control species.
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Codon usage analysis
Previous analyses of hydrolase genes employing the BASFv1.1 genome have
exhibited soil bacteria genomic contamination (personal communication J. LudwigMüller). In an effort to investigate the integrity of our newly identified moss hydrolases,
principal coordinate analysis based on codon usage of the PpIAR3 hydrolase family was
analyzed within various archaea, eubacteria, bryophytes, gymnosperms, monocots, and
dicot species (Fig. 5a, b). The purpose of this data was to analyze the phylogenetic
relationships among different plant groups, in relation to hydrolase genes. We found that
the hydrolase genes originating from monocots and dicot species fully intersect with the
genes from gymnosperm species—the group from which they share most recent common
ancestry. Tracing back evolutionarily, we next examined the bryophyte hydrolase genes.
We found that the genes originating from the bryophytes intersect with the eubacteria and
archaea genes, rather than any other plant genes.

Genomic DNA extraction from moss and PCR analysis
Upon performing the principal coordinate analysis and discovering that our moss
hydrolases more closely resemble eubacteria and archaea rather than any other plant
genes, we were again concerned about the prospect of bacterial genomic contamination.
In an effort to further investigate whether the moss hydrolases PpIAR31-34 are
endogenous to the P. patens genome or contamination, genomic DNA was extracted from
a sample of dried moss tissue, PCR amplified using specific primers for each hydrolase
gene, and analyzed for amplification through gel electrophoresis. The gel analysis of
PpIAR31 only shows bands from the 18S positive control samples (Fig. 6a). Had the
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experimental samples appeared on the gel, PpIAR31 fragments would have been apparent
at 364 bp. The absence of the experimental samples on the gel indicates that the moss
hydrolase PpIAR31 is not part of the P. patens genome. On the other hand, the gel
analyses of PpIAR32, -33, and -34 all show fragments from the experimental and positive
control samples (Fig. 6b-d). The bands from PpIAR32 were 256 bp in length, from
PpIAR33 were 290 bp, and from PpIAR34 were 257 bp. In each case, the control samples
which utilized the universal 18S primers can be seen at 324 bp. The presence of the
experimental samples on the gels for PpIAR32, -33, and -34 indicate that these hydrolase
genes are part of the P. patens genome.

Endonuclease digests
To ensure correct construction our PpIAR32 and PpIAR34 hydrolase inserts,
endonuclease digests were performed and analyzed using gel electrophoresis (Fig. 7).
Complete and correct digestion yields two bands—one representing the length of the
insert, and another representing the remaining length of the plasmid. Specifically, correct
digestion of the PpIAR32 insert should have yielded bands at 1172 bp and 3657 bp, based
upon cutting sites employed by the SacI restriction enzyme (Fig. 7a). Lane 6,
representing DNA sample #5, yielded complete digestion. Because the PpIAR34 insert
was constructed within a pUC57 plasmid containing a T7 promoter, digestion was not
needed to determine whether or not the insert was present. Rather, we linearized the
plasmid to ensure that it was the correct size to account for the plasmid containing the
insert. Correct digestion of the PpIAR34 containing plasmid should have yielded a band
at 4100 bp, based upon the cutting site employed by the EcoRV restriction enzyme (Fig.
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7b). Lanes 2-4, representing all three DNA samples, were all linearized and yielded a
band at 4100 bp. Following successful digestion of our two moss inserts, we were able to
proceed with our experiments to characterize each of the hydrolases.

Hydrolase assays
Hydrolase assays were prepared using protein extract from PpIAR32 and
PpIAR34 to evaluate enzymatic activity and substrate specificity of various amino acid
auxin conjugates. High pressure liquid chromatography (HPLC) was used to detect and
measure levels of conjugate hydrolysis among the moss hydrolase genes. When
performing HPLC, peaks were detected representing the nucleic acid, hydrolyzed auxin,
and amino acid auxin conjugate (Fig. 8). We were able to locate the hydrolysis peak by
comparison with the retention times of standard controls of auxin and the specific amino
acid auxin conjugate being tested. Standard curves were generated for each auxin using
different concentrations of the given auxin and were used to measure the volume under
the hydrolysis peak. The volume under the hydrolysis peak represents the amount of
auxin hydrolyzed over a period of 60 mins. Values were divided by 60 to obtain the
amount of auxin hydrolyzed per min.
The PpIAR32 hydrolase showed no level of enzymatic activity across any of the
amino acid auxin conjugates tested (Table 5). On the other hand, PpIAR34 demonstrated
relatively high levels of enzymatic activity across the majority of amino acid auxin
conjugates tested (Table 5). The PpIAR34 hydrolase was able to hydrolyze IAA-Alanine,
IAA-Leucine, IAA-Isoleucine, IAA-Phenylalanine, and IBA-Alanine. The IBA-Alanine
had the best substrate recognition and highest level of hydrolysis among all of the amino
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acid auxin conjugates tested. On the other hand, the PpIAR34 hydrolase showed no level
of enzymatic activity with the IAA-Glycine, IAA-Aspartate, and IPA-Alanine.

Liverwort Results
Initial identification and phylogenetics
A BLAST search of the M. polymorpha genome using the PsIAR3 homolog
(Campanella et al. 2011) as a search probe yielded one hydrolase homolog—MpILR1
(Table 1). The liverwort hydrolase was named “MpILR1” after an NCBI protein BLAST
search showed that the sequence was more similar to the ILR hydrolases than IAR
hydrolases; specifically, MpILR1 has a 63.3% amino acid homology to Arabidposis
thaliana ILR.
In an effort to investigate the similarity of MpILR1 to other hydrolase homologs,
an amino acid similarity matrix was created (Table 4). Overall, MpILR1 shows a high
degree of amino acid similarity to other hydrolases. The liverwort hydrolase is 47.6%
similar to a previously identified cyanobacteria hydrolase and 59.5% similar to an algal
hydrolase. Based on averages, the liverwort hydrolase is 41.3% similar to previously
identified moss hydrolases (PpIAR32-34), 60.2% similar to fern hydrolases, 59.6%
similar to gymnosperm hydrolases, and 61.8% similar to angiosperm hydrolases.
Another phylogenetic tree was constructed that focuses on the relationships
between the liverwort hydrolase and other previously identified algal and tracheophyte
hydrolases (Fig. 4b). Based on 1000 bootstrap replicates, the liverwort hydrolase was
placed in between the algal and fern hydrolases. The tree shows clear divergences
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between early land plants, gymnosperms, and angiosperms—most of which have a ≥50%
probability of accuracy.
MpILR1’s structure is novel in that it contains a stretch of an extra 11 amino acids
compared to all other previously identified hydrolases. The nucleotide sequence—
GGCACCTCATTCCTGTAAAGTCTCGAACATTAC—spans from position 834-866.
The structure of MpILR1 is also noteworthy because it contains a Cysteine at amino acid
position 137, a Glutamic Acid at amino acid position 173, and Histidine at positions 139,
197, and 397. The presence of these five amino acids is important because they lie within
the active site of our hydrolase—an M20 metallopeptidase (Rawlings and Barrett, 1993;
Bitto et al. 2009). Metallopeptidases rely on a co-factor to initiate enzymatic activity, and
it is characteristic of M20 metallopeptidases to utilize zinc (Rawlings and Barrett, 1993).
However, our hydrolase belongs to the M20D peptidase family, which has altered active
sites that bind manganese as their co-factor rather than zinc (Bitto et al. 2009). It has been
determined that the five amino acids—Cys137, Glu173, His139, His197, and His397—
are likely involved in the binding of manganese in M20D metallopeptidases (Bitto et al.
2009). In our own analysis, we have observed this conserved domain in our liverwort
hydrolase, as well as gymnosperm and angiosperm hydrolases (Fig. 9).
Copy number genetic redundancy occurs when two or more genes encode for the
same biological function. We have observed this phenomenon during our analysis of
bryophyte hydrolases from P. patens and M. polymorpha. Upon comparison of our
hydrolases (PpIAR31, -32, -33, -34, and MpILR1) with previously identified
tracheophyte hydrolases, we have observed a clear increase in the overall copy number of
hydrolases within plant species (Table 6). Liverwort is the oldest extant land plant, and
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we have only been able to identify one liverwort hydrolase gene from M. polymorpha.
Moss species evolved later, and we were able to identify four hydrolase genes within P.
patens. Gymnosperm evolution followed the bryophytes, and we have identified four
hydrolases in both Picea sitchensis and Pinus taeda. The occurrence of copy number
genetic redundancy becomes even more apparent in the angiosperm species. In monocot
species, up to 11 copies of hydrolase genes have been observed (Zea mays), and in dicot
species, up to 15 copies of hydrolase genes have been observed (Vitis vinifera). From an
evolutionary standpoint, as later species evolved, more copies of hydrolase genes have
been observed in plant genomes.

Codon Usage Analysis
The initial principal coordinate analysis based on codon usage that we performed
uncovered that our moss hydrolases more closely resemble eubacteria and archaea rather
than plant genes. Further investigation led us to discover that PpIAR31 is not a part of the
P. patens genome. Given this finding, we were again concerned about the prospect of
bacterial genomic contamination with our liverwort hydrolase. Therefore, principal
coordinate analysis based on codon usage was repeated, taking into account our newly
identified liverwort hydrolase (Fig. 5c). Various species of archaea, eubacteria, and
eukaryotes (plants and algae) were analyzed to evaluate the phylogenetic relationships
among different plant groups, in relation to hydrolase genes. We found that our liverwort
hydrolase falls in line with hydrolases from other eukaryotes, rather than hydrolases from
eubacteria and archaea. MpILR1 exhibited both protein and DNA homology with other
plant hydrolases.
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Endonuclease digests
To ensure correct construction our MpILR1, ∆MpILR1, and L244S-MpILR1
hydrolase inserts, endonuclease digests were performed and analyzed using gel
electrophoresis (Fig. 7). Complete and correct digestion yields two bands—one
representing the length of the insert, and another representing the remaining length of the
pUC57 plasmid. Specifically, correct digestion of the MpILR1 insert should have yielded
bands at 1756 bp and 2710 bp, based upon cutting sites employed by the BamHI
restriction enzyme (Fig. 7c). The two lowest bands represent the insert and remaining
length of the plasmid—all other bands represent incomplete digestion. Correct digestion
of the ∆MpILR1 insert should have yielded bands at 1735 bp and 2710 bp, also based
upon cutting sites employed by BamHI (Fig. 7d). Lane 5, representing DNA sample #4,
yielded complete digestion. Correct digestion of the L244S-MpILR1 insert should have
yielded bands at 1756 bp and 2710 bp from the BamHI enzyme (Fig. 7e). A gel was run
with 5 DNA samples, but none were completely digested. Since DNA samples #1 and #2
were the closest to complete digestion, they were re-digested. This time, lane 2
representing DNA sample #1 yielded complete digestion.

Hydrolase assays
Hydrolase assays were prepared using protein extract from MpILR1 to evaluate
enzymatic activity and substrate specificity of various amino acid auxin conjugates. High
pressure liquid chromatography (HPLC) was used to detect and measure levels of
hydrolysis among the liverwort hydrolase genes, following the same criteria as the moss
hydrolase assays (Fig. 8). The MpILR1 liverwort hydrolase was unable to hydrolyze most
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amino acid auxin conjugates (Table 5). The only two substrates that were recognized and
hydrolyzed at very low levels were IAA-Leucine and IPA-Alanine.
We created an altered construct of our liverwort hydrolase, in which the extra 11
amino acid sequence within the active site was deleted (Fig. 3c). We wanted to determine
the significance of this extra sequence within the active site, and the potential role it plays
in hydrolysis. We dubbed this construct ∆MpILR1, and followed the same criteria for
detecting and measuring levels of hydrolysis. The mutated hydrolase resulted in a
complete loss of enzymatic function. No level of enzymatic activity was recorded across
any of the amino acid auxin conjugates tested (Table 5).
We synthesized a third construct of our liverwort hydrolase, in which the amino
acid at position 244 within the active site was changed from a Leucine to a Serine (Fig.
3c). We created this construct in part because all tracheophyte hydrolases observed had a
Serine at this position. The most convincing evidence for this alteration was provided by
X-ray crystallography analyses (Bitto et al. 2009). Bitto et al. (2009) determined that a
Serine to Leucine mutation within the active site of a hydrolase does affect the binding
capacity of the hydrolase. Specifically, the Leucine is considered a “bulkier, hydrophobic
residue”, and impacts binding capacity (Bitto et al. 2009). For this reason, we decided to
“fix” the mutated Leucine back to a Serine, and dubbed the construct L244S-MpILR1.
We wanted to determine the significance of this mutation within the active site, and the
potential role it plays in hydrolysis. The same criteria were followed for detecting and
measuring levels of hydrolysis.
The L244S-MpILR1 enzyme showed higher levels of substrate recognition and
enzymatic activity than the wild type hydrolase (Table 5). Substrate recognition was
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gained and hydrolysis occurred with the IAA-Isoleucine and IBA-Alanine conjugates.
Substrate recognition remained the same as MpILR1 for IAA-Leucine and IPA-Alanine.
However, hydrolysis occurred at a higher rate in the mutated hydrolase. For example,
hydrolysis of the IPA-Alanine conjugate increased more than 11-fold in the L244SMpILR1 construct.
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Discussion
Moss Discussion
Phylogeny
Upon analyzing our amino acid similarity matrix, it was discovered that on
average our moss hydrolases are more similar to cyanobacteria hydrolases (50.5%) than
hydrolases from any plant group (43.0%) (Table 4). In other words, the structure of our
moss hydrolases more closely resembles “contaminating” bacterial hydrolases than plant
hydrolases. Similarly, the codon usage analysis showed that the genes originating from
the bryophytes intersect with the eubacteria and archaea genes rather than any other plant
genes. This means that our moss hydrolases more closely resemble eubacteria and
archaea hydrolases in terms of codon conservation than they do plants (Fig. 5a). From
these analyses, we can conclude that our moss hydrolases structurally resemble those of
bacteria.
The moss genomic PCR analysis showed that PpIAR31 appears not to be a part of
the P. patens genome, while PpIAR32, -33, and -34 are present there (Fig. 6). We have
concluded that PpIAR31 is likely the result of soil bacteria genomic contamination.
When isolating the DNA from a moss specimen, it can be difficult to fully separate the
moss from the soil in which it lives. Therefore, it is reasonable to infer that the P. patens
v3.3 genome exhibits soil bacteria contamination. This would explain why we were able
to identify the PpIAR31 hydrolase gene during our BLAST search of the P. patens
genome, yet unable to verify the presence of the gene in a DNA sample from moss tissue.
This also explains why the hydrolase looks more like bacteria.
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However, it is clear that PpIAR32, -33, and -34 are a part of the P. patens genome
(Fig. 6b-d). Even though the sequences structurally resemble bacteria, at the same time
the structure does show some relation to plant peptidases. The five conserved domains
that are characteristic of an M20D metallopeptidase and responsible for manganese
binding within the active site (Cys137, Glu173, His139, His197, and His397) have been
identified in all three of our moss hydrolases (Rawlings and Barrett, 1993; Bitto et al.
2009).
In an effort to explain why these three moss hydrolases structurally resemble
bacteria, yet are found within the moss genome and show structure relation to plants, we
propose that at some point in time horizontal gene transfer (HGT) occurred. Experiments
have been done to investigate horizontal gene transfer within P. patens. Yue et al. (2012)
identified 57 gene families that show evidence of HGT, including genes involved in
purine degradation, stress responses, carbohydrate metabolism, glycolysis, DNA
replication, peptidase activity, and hydrolase activity. It is possible that we have
uncovered further genes which could be added to this list. Horizontal gene transfer has
also previously been discussed as an explanation for how the TAA and YUC proteins
utilized in synthesizing IAA may have arisen in land plants (Yue et al. 2014). In response
to this topic, Wang et al. (2014) has proposed that HGT events are usually very complex
and involve multiple steps. Wang et al. (2014) proposed that those proteins may have
arisen in land plants either via HGT from bacteria to plants, HGT from bacteria to plants
followed by another HGT from plants to bacteria, or separate HGT events from bacteria
to land plants and bacteria to algae. The specific mechanisms of HGT within moss have
been investigated (Yue et al. 2012). Given that mosses were some of the first terrestrial
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plants and are effective at taking up foreign DNA, it is not surprising that mosses picked
up genes via HGT from the bacterial and fungal inhabitants around them as they adjusted
to terrestrial environments (Yue et al. 2012). Yue et al. (2012) hypothesizes that HGT
from bacteria to moss likely occurs at two entry points in order for the foreign genes to be
efficiently obtained and integrated within the moss genome: spore germination/early
gametophyte development and fertilization/early embryo development. It is possible for
HGT to occur from bacteria to moss during gametophyte development from spores
because the gametophytes come in direct contact with soil and soil bacteria (Yue et al.
2012). It is possible for HGT to occur during fertilization and early embryo development
because mosses keep their archegonia open during fertilization, exposing the eggs to the
environment and foreign DNA around them (Yue et al. 2012).
Yue et al. (2012) also mentions that the timing of HGT events can be somewhat
uncovered, based upon whether the gene of interest is observed in green algae. If the gene
of interest is observed in green algae, then HGT likely occurred before the origin of land
plants, and if the gene is not present in algae, then HGT likely occurred during or after
the transition to terrestrial plants (Yue et al. 2012). In our case, our gene of interest is not
present in green algae. In our proposal of HGT of the hydrolase genes from bacteria to
moss, we have also taken into account the complexity of the process. We do not have any
evidence to support specifically when HGT may have occurred, or how many times it
may have occurred. Nonetheless, we conclude that HGT from bacteria to moss does
provide a suitable explanation for the presence of PpIAR32, -33, and -34 within the P.
patens genome.
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Enzymology
Ludwig-Müller et al. (2009) speculated that the moss species, Physcomitrella
patens, is a “dead end” in terms of auxin conjugate hydrolysis. On the contrary, upon
characterization of the enzymatic activity of the PpIAR32 and PpIAR34 moss hydrolases,
we determined that PpIAR32 showed no level of enzymatic activity, but PpIAR34
demonstrated relatively high levels of enzymatic activity across the majority of amino
acid auxin conjugates tested (Table 5). In an effort to explain this contrast in activity, we
again turn to horizontal gene transfer. If these moss genes were truly derived from
bacteria, then it is possible that they might not all be functional within moss. It is possible
that PpIAR32 is unable to hydrolyze auxin conjugates within moss, but is a functional
hydrolase against different substrates within bacteria. This also suggests that HGT of
PpIAR32 may have occurred relatively recently, because it is still a part of the P. patens
genome and has yet to be lost from the genome due to a lack of function. Mosses have
approximately 90% of their total IAA composition stored as conjugates, and only about
10% of free active IAA (Sztein et al. 1999). Given that mosses can function with small
amounts of free active IAA, this may explain why we have only been able to identify one
functional hydrolase within P. patens so far.
It should be noted, however, that even though we have identified PpIAR34 as the
only functional hydrolase within P. patens, we have not fully elucidated its purpose as an
auxin metabolism regulator. It is possible that mosses do not rely on active hydrolase
genes and can sustain their physiological processes through the low levels of free IAA
found within the plant, as well as low levels of background hydrolyzed IAA. We propose
future experiments that focus on identifying whether PpIAR34 is even needed by P.
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patens at all. In particular, we are interested in performing a knockout of PpIAR34 and
analyzing how the moss is able to maintain its physiological processes. Through this
experiment, we may uncover the true function of PpIAR34 within P. patens, as well as
further insight into the hydrolase’s role in the evolution of auxin metabolism regulation.
We also plan to isolate and enzymatically characterize PpIAR33 to determine the
hydrolase’s function within P. patens. At the completion of this analysis we will have
characterized all four moss hydrolases from P. patens, and hope to uncover the true
purpose of these genes as auxin metabolism regulators within moss.

Liverwort Discussion
Phylogeny
Analysis of our amino acid similarity matrix suggests that on average our
liverwort hydrolase is structurally most similar to angiosperm hydrolases (61.8%) (Table
4). MpILR1 also shows important structural relation to plant peptidases because it
contains all five of the conserved M20D metallopeptidase domains responsible for
manganese binding within the active site (Cys137, Glu173, His139, His197, and His397)
(Fig. 9) (Rawlings and Barrett, 1993; Bitto et al. 2009). The codon usage analysis further
confirmed that our liverwort hydrolase more closely resembles plants than eubacteria or
archaea, because MpILR1 exhibited moderate protein and DNA homology with other
plant hydrolases (Fig. 5c).
Our phylogenetic tree shows the ancestral relationships between hydrolases from
algae, liverwort, fern, gymnosperms, and angiosperms (Fig. 4b). We are confident in the
placement and grouping of each clade because of the high bootstrap values obtained in
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our phylogenetic tree. The placement and grouping of each clade conforms with our
general understanding of the evolution of plant groups. The moss phylogenetic analysis
shows the ancestral relationships between hydrolases from bacteria, moss, gymnosperms,
and angiosperms (Fig. 4a). We are also confident in the placement and grouping of each
of these clades because of the high bootstrap values obtained. The purpose of each of
these trees is to show the ancestry of our newly identified bryophyte hydrolases and the
tracheophyte hydrolases which evolved after them. However, the issues are that these
phylogenetic trees do not include both bryophyte species which we have investigated and
each tree shows a different outgroup (bacteria vs. algae).
In an effort to combine these two phylogenetic analyses and portray the ancestry
of our newly characterized moss and liverwort auxin amidohydrolase genes, we have
proposed our own cladogram (Fig. 10). This cladogram combines our general knowledge
of the evolution of plant groups and our new knowledge of our hydrolases and horizontal
gene transfer. Whereas our liverwort hydrolase shares ancestry with a green algal
ancestor, we propose that the moss hydrolases do not. Instead, we propose that after
mosses diverged, they acquired their hydrolase genes via HGT. This cladogram explains
why we saw a high degree of similarity between the liverwort and tracheophyte
hydrolases, because they all share hydrolase ancestry with the green algal ancestor. On
the other hand, this cladogram explains why we saw a high degree of similarity between
the moss and bacterial hydrolases, as opposed to moss and tracheophyte hydrolases,
because they do not share hydrolase ancestry with the green algal ancestor. We are
confident in our proposal of HGT of the moss hydrolase genes from bacteria to moss. We
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are interested in pursuing this analysis, and anticipate future experiments that confirm our
cladogram and proposed hydrolase ancestry.

Enzymology
Upon characterization of the enzymatic activity of the MpILR1 liverwort
hydrolase, we determined that the protein was unable to hydrolyze most amino acid auxin
conjugates tested (Table 5). In an effort to explain why the liverwort hydrolase might by
classified as a “low-functioning hydrolase”, we propose the phenomenon of exaptation.
Gould and Vrba (1982) first coined the term as features that “were not built by natural
selection for their current role”. In other words, a particular feature that once served one
function, has evolved to serve another function. Since we were unable to observe any
significant levels of auxin hydrolysis, it is possible that MpILR1 served another purpose
in M. polymorpha and was eventually exapted over evolutionary time to achieve its full
regulatory significance in tracheophytes. We also believe that exaptation is a suitable
explanation for our “low-functioning” liverwort hydrolase because this bryophyte does
not utilize auxin the same way that vascular plants do. As a small, non-vascular plant it
does not rely on processes such as flowering and fruit ripening that are regulated by
auxin. Rather, we believe that the low levels of free IAA found within liverwort, as well
as the very low levels of hydrolyzed IAA are sufficient to provide the plant with enough
auxin to regulate the processes of the small plant. Further, we propose that auxin
conjugate hydrolysis likely did not become an active regulatory process until
tracheophytes evolved.
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Upon characterization of the enzymatic activity of our altered liverwort
hydrolases, ∆MpILR1 and L244S-MpILR1, we determined that ∆MpILR1 resulted in a
complete loss of enzymatic function, but L244S-MpILR1 demonstrated higher levels of
substrate recognition and enzymatic activity than the wild type hydrolase (Table 5).
While it remains unclear exactly what the function of the extra 11 amino acid sequence
located near the active site is, we have concluded that it is important because its removal
eliminates what little hydrolysis was originally observed. We performed an analysis on
the structure of MpILR1 using SWISS-MODEL (https://swissmodel.expasy.org) and
UCSF Chimera (https://www.cgl.ucsf.edu/chimera/), in order to visualize the structure of
the 11 extra amino acid sequence. It was determined that the sequence is located behind
the active site (Fig. 11). This has led us to propose that the removal of the sequence may
lead to a change in the shape of the active site, and therefore a change in substrate
recognition and enzymatic activity. What continues to perplex us is why the loss of the
sequence is so important here, since the sequence is altogether absent from other species’
hydrolases. We are interested in pursuing this analysis, and anticipate future experiments
that determine why the loss of the 11 amino acid sequence is vital for MpILR1’s
function, yet irrelevant to the function of other hydrolase genes.
Further, in an effort to uncover the evolutionary change between a hydrolase from
M. polymorpha and tracheophyte hydrolases, we analyzed the enzymatic function of
L244S-MpILR1. We have concluded that the amino acid change from Leucine to Serine
at amino acid position 244 is one of the essential structural changes that led to modern
tracheophyte hydrolases. It remains unclear how many other vital structural changes may
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have occurred. Nonetheless, we are confident that we have uncovered one clue that
bridges the evolutionary gap between bryophyte and tracheophyte hydrolases.
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Table 1. Hydrolases identified during BLAST analyses of the P. patens and M.
polymorpha genomes and their respective accession numbers (P. patens accession
numbers correspond with Phytozome; M. polymorpha accession number corresponds
with GenBank)

Table 2. PCR primers utilized during the genomic DNA extraction from moss

Table 3. Protocol specifications for endonuclease digests

Table 4. Amino acid similarity matrix comparing percent similarity between hydrolases from cyanobacteria, algae, bryophytes,
gymnosperms, monocots, and dicot species
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Table 5. Quantification of hydrolase activity via high pressure liquid chromatography
(measured in pmol auxin released/min/ml; the values recorded are the average of 3-6
assays, plus or minus the standard error)

Table 6. Copy number comparison shows the amount identified hydrolases across
species of dicots, monocots, gymnosperms, and bryophytes. Numbers appearing with an
asterisk* denote putative hydrolases which have not yet been fully characterized.
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Figure Legends
Fig. 1 Auxin is represented by several different chemical structures including A. indole3-acetic acid, B. indole-3-propionic acid, and C. indole-3-butyric acid
Fig. 2 Theoretical cladogram suggested by Sztein et al. (2000) which proposes the
evolution of auxin metabolism
Fig. 3 Construction of the PpIAR32, PpIAR34 and MpILR1 hydrolase inserts into
expression vectors A. NeoScientific Labs constructed a pUC57 plasmid containing our
PpIAR32 moss hydrolase insert (DNA sequence shown). The insert was ligated into the
BamHI site of the pUC57 plasmid, and then re-cloned into the pETBlue-2 expression
vector at the EcoRV site. B. Our PpIAR34 moss hydrolase insert (DNA sequence shown)
was constructed with a T7 promoter and ligated into the BamHI site of a pUC57 plasmid.
C. Our MpILR1 liverwort hydrolase (DNA sequence shown) was also constructed with a
T7 promoter and ligated into the BamHI site of a pUC57 plasmid.
Fig. 4 Phylogenetic analysis of our newly identified bryophyte hydrolase genes A.
Phylogenetic tree constructed by Skibitski (2016) focusing on the relationships between
the moss hydrolases PpIAR31, -32, -33, and -34, and other previously identified
hydrolases originating from gymnosperm and angiosperm species. B. Phylogenetic tree
focusing on the relationships between the liverwort hydrolase MpILR1 and other
previously identified hydrolases originating from algal, fern, gymnosperm, and
angiosperm species. All alignments were created using CLUSTAL X, and phylogenetic
trees contain 1000 bootstrap replicates. Bootstrap values below 500 are not listed.
Fig. 5 Principal coordinate analysis based on codon usage. Analysis was performed using
the PpIAR3 hydrolase family within archaea, eubacteria, bryophytes, gymnosperms,
monocots, and dicots. A. The two-dimensional plot representing the data was created
using ggplot2, and B. the three-dimensional plot was created using CAR. C. Principal
coordinate analysis based on codon usage was repeated, taking into account the MpILR1
liverwort hydrolase. A three-dimensional plot was created using CAR. (J. V. Smalley,
unpublished method, 2016)
Fig. 6 Genomic DNA was extracted from a sample of dried moss tissue and analyzed for
the presence of the A. PpIAR31, B. PpIAR32, C. PpIAR33, and D. PpIAR34 hydrolase
genes through gel electrophoresis. In each of the gels, lanes 1 and 6 contained the hi-lo
marker, lanes 2 and 4 contained the experimental samples, and lanes 3 and 5 contained
the control samples that utilized the universal 18S primers.
Fig. 7 Endonuclease digests were performed and analyzed using gel electrophoresis, to
ensure correct construction of the A. PpIAR32, B. PpIAR34, C. MpILR1, D. ∆MpILR1,
and E. L244S-MpILR1 hydrolase inserts. In each of the gels, the first and last lanes were
utilized for the hi-lo marker, and the lanes in between contained the DNA contents from
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the reaction tubes (a differing amount of reactions were prepared for each hydrolase,
based upon colony selection during bacterial transformation).
Fig. 8 High pressure liquid chromatography (HPLC) of a Nova Blue uninduced negative
control sample (left) and an MpILR1 induced experimental sample (right). Peaks (left to
right) denote DNA, hydrolyzed IAA (absent left), and amino acid auxin conjugate (IAALeucine).
Fig. 9 Five conserved M20D metallopeptidase domains observed across liverwort,
gymnosperm, and angiosperm hydrolases
Fig. 10 Cladogram proposing the ancestry of our newly characterized moss and liverwort
auxin amidohydrolase genes
Fig. 11 Structure of MpILR1 (left) and ∆MpILR1 (right) generated by SWISS-MODEL.
The black arrow above MpILR1 shows the location of the extra 11 amino acid sequence.
The black arrow above ∆MpILR1 shows the absence of the extra 11 amino acid
sequence. The white arrows in both images show the location of the active site in each
structure.
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